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ABSTRACT: Despite the importance of examining the
formation of nanoparticle−protein conjugates, there is a
dearth of routine techniques for nanoparticle−protein
conjugate characterization. The most prominent change to a
nanoparticle population upon conjugate formation is a shift in
the nanoparticle size distribution function. However, com-
monly employed dynamic light scattering based approaches for
size distribution characterization are ineffective for non-
monodisperse samples, and further they are relatively
insensitive to size shifts of only several nanometers, which
are common during conjugate formation. Conversely, gas
phase ion mobility spectrometry (IMS) techniques can be
used to reliably examine polydisperse samples, and are
sensitive to ∼1 nm size distribution function shifts; the challenge with IMS is to convert nanoparticle−protein conjugates to
aerosol particles without bringing about nonspecific aggregation or conjugate formation. Except in limited circumstances,
electrospray based aerosolization has proven difficult to apply for this purpose. Here we show that via liquid nebulization (LN)
with online, high-flow-rate dilution (with dilution factors up to 10 000) it is possible to aerosolize nanoparticle−protein
conjugates, enabling IMS measurements of their conjugate size distribution functions. We specifically employ the LN-IMS system
to examine bovine serum albumin binding to gold nanoparticles. Inferred maximum protein surface coverages (∼0.025 nm−2)
from measurements are shown to be in excellent agreement with reported values for gold from quartz crystal microbalance
measurements. It is also shown that LN-IMS measurements can be used to detect size distribution function shifts on the order of
1 nm, even in circumstances where the size distribution function itself has a standard deviation of ∼5 nm. In total, the reported
measurements suggest that LN-IMS is a potentially simple and robust technique for nanoparticle−protein conjugate
characterization.

There is a need to develop and advance techniques to
examine the extent of binding of proteins to nanomateri-

als/nanoparticles.1−4 Within the bloodstream or other bio-
logical milieu, it is known that a protein corona will form on a
nanoparticle’s surface, altering its bioidentity and eventual
fate.5−9 At present, even in vitro with prescribed proteins and
protein concentrations, binding is difficult to quantify; to date,
no single technique is universally adopted for nanoparticle−
protein conjugate quantification. The most notable change to
an ensemble of nanoparticles upon protein binding is a shift of
the nanoparticle size distribution function;10 hence, it is the size
distribution function that is most easily monitored to quantify
binding. Size measurements of protein−nanoparticle conjugates
have been carried out commonly with dynamic light scattering
(DLS).11−13 However, DLS is only applicable to highly
monodisperse samples, with results skewed toward larger
particles in polydisperse sample measurements. This is
problematic for all but the most narrowly distributed particle
size distributions. Polydisperse sample size distribution

measurements can be better made via nanoparticle tracking
analysis (NTA).14−16 Unfortunately, NTA has limitations for
particles/conjugates smaller than 30 nm in size; this prohibits
direct examination of a number of nanoparticles as well as
individual protein molecules. Further, both techniques are
relatively unreliable in detecting small (less than ∼5 nm) size
shifts, i.e., the data deconvolution schemes applied can lead to
low measurement precision.
Techniques to examine protein−nanoparticle binding can be

developed which are more precise than DLS and NTA.
However, many of these techniques are limited to specific
nanoparticle chemical compositions. For example, techniques
relying on fluorescent labeling1 or shifts in optical/plasmonic
properties17,18 of nanoparticles upon protein binding require
specific particle optical properties. Liquid-phase size measure-
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ment techniques, such as asymmetric flow field fractionation2,4

and analytical ultracentrifugation,19 enable more rigorous
quantification of size distribution functions, yet need to be
coupled to appropriate detectors. Universal particle detectors
for a variety of particle chemistries are not widely available.20

Another alternative is gas-phase ion mobility spectrometry
(IMS)21 with a differential mobility analyzer (DMA),22−24

which is a commonly employed technique for size distribution
measurements of aerosol particles. In conjunction with
condensation based single particle detectors,25 DMAs facilitate
size distribution function analysis in the 2−500-nm-diameter
range, and unlike DLS and NTA, DMA data deconvolution
schemes require minimal assumptions about the shape of the
size distribution.26 IMS is therefore more easily applied to
polydisperse and multimodal samples,27 and size shifts of
several nanometers can be reliably detected.28 The challenge in
applying IMS to nanoparticle−protein conjugates is naturally
that the conjugates must be introduced into the gas phase
(aerosolized) without perturbing their size distribution
functions. To date, aerosolization of liquid-phase samples has
been accomplished almost exclusively with charge reduction
electrosprays.22,24,29 Notable demonstrations of the potential of
IMS in nanoparticle−protein and nanoparticle−small molecule
conjugate analysis have been carried out by Zachariah and co-
workers,28,30−34 with such charge reduction electrospray
sources. Their measurements have consistently shown that by
controlling the droplet size and concentration of analyte,31

aerosolization with preservation of size distribution functions
from the liquid phase is possible. In spite of this success, IMS
has not been widely adopted in nanoparticle−protein conjugate
size analysis. This is in large part because electrospray based
aerosolization requires solutions/suspensions with electrical
conductivities in a narrow range, as well as the a priori removal
of nonvolatile solutes. These conditions are often mutually
exclusive with the conditions needed to maintain nanoparticle
stability in suspensions, i.e., the addition of salts and removal of
surfactants lead to aggregation and settling of nanoparticles. As
an example, noble metal nanoparticles and nanorods often need
to be heat-treated post-electrospray to remove nonvolatile
solute coating,35,36 and such nanoparticles do aggregate and
settle over the course of several days in electrosprayable (1−
100 mM ammonium acetate) suspensions.12

Liquid nebulizers (LNs) have recently been developed with
online, ultra-high-purity water dilution (by a factor of up to
104).37 These LNs have number of advantages over both
conventional nebulization/atomization techniques and electro-
sprays for application in hydrosol to aerosol conversion.
Conventional nebulization technologies produce supermicrom-
eter droplets, which, when dried, give rise to residue
nanoparticles; residue particles mask the size distribution
functions of the nanoparticles in suspension. Further, non-
specific aggregation, caused by the presence of multiple
nanoparticles within a single droplet, is prevalent in conven-
tional nebulization. By removing nearly all supermicrometer
droplets via a ball impactor, and reducing the volume fraction
of nonvolatile residue via online ultra-high-purity water
dilution, nearly residue-free submicrometer droplets are
produced with newer LNs. Nonspecific aggregation can also
be predicted (with knowledge of the produced droplet size
distribution) and mitigated via control over the extent of ultra-
high-purity water dilution. In contrast with electrosprays, LN
based aerosolization requires neither nonvolatile solute removal
nor control of the suspension electrical conductivity. To date,

such LN technology has enabled hydrosol to aerosol
conversion with subsequent IMS measurements for nano-
particles as small as 5 nm,37,38 and LN based aerosolization has
proven capable of preserving nanoparticle size distributions for
polydisperse and multimodal samples (where peaks differ by
less than 5 nm).
The purpose of this study is to extend LN-IMS analysis for

the first time to quantify bovine serum albumin binding to
nominally 20, 30, and 50 nm gold nanoparticles (GNPs),
demonstrating that this approach can be a simple and robust
method for nanoparticle−protein conjugate analysis. We
demonstrate that size shifts on the order of 1 nm are
detectable, and that protein surface coverages (maximum
number of proteins bound per unit surface area) can be inferred
from measurements, with nanoparticle polydispersity consid-
ered.

■ EXPERIMENTAL SECTION
Materials and Sample Preparation. GNPs with nominal

diameters of 20, 30, and 50 nm were purchased from
Nanocomposix, Inc. (San Diego, USA). Electron microscopy
revealed that these samples had mean diameters ± standard
deviations of 18.6 ± 2.3 nm, 30.8 ± 3.3 nm, and 51.0 ± 5.7 nm,
respectively. GNP surfaces were pretreated with tannic acid by
the manufacturer to stabilize them in aqueous suspension.
Bovine serum albumin (BSA) was purchased from Sigma-
Aldrich (Saint Louis, MO, USA). BSA solutions were prepared
by dispersing BSA powders in deionized (DI, obtained with a
SpectraPure filtration system) water. GNPs suspensions, with
manufacturer provided number concentrations (ranging from 3
× 109 to 8 × 1010 particles mL−1), were mixed with known
concentration BSA samples in a suspension volume of 1 mL in
polypropylene centrifuge tubes. 5−7 GNP:BSA number
concentration ratios (ranging from 1:3 to 1:12 000) were
examined for each GNP size. Prior to measurements, samples
were placed in an incubator (Alkali Scientific, FL, USA) at 38.0
°C for 16 h. Additionally, for 50 nm GNPs, incubation was also
performed at 4 °C. No other sample preparation was required
prior to LN-IMS measurement and nanoparticles were
observed to remain stable in suspension during incubation.
This is distinct from most studies utilizing charge reduction
electrospray based aerosolization, where electrical conductivity
modulation and analyte preconcentration are needed prior to
analysis.

LN-IMS Measurements. The size distribution functions of
bare GNPs and GNP-BSA conjugates were measured via a
liquid nebulizer-ion mobility spectrometry (LN-IMS) system.
Details of the operation of this system are provided in Jeon et
al.37 Briefly, in the LN employed (Model 9110, Kanomax FMT,
St Paul, MN, USA), the GNP-BSA suspension at a sample flow
rate of 0.01−1 mL min−1 is mixed with 100 mL min−1 of ultra-
high-purity water (which contains total organic carbon and
nonvolatile residues below 1 ppbv, was treated with 165 nm UV
light, and was passed through 10 and 20 nm particle filtration
systems as well as a mixed bed ion-exchange resin prior to
system introduction). The ratio of the ultra-high-purity water
flow rate to the sample flow rate defines the dilution factor for
the measurement, which is adjustable from 102 to 104. The LN
produces approximately log-normally distributed droplets with
a geometric mean diameter of 99.8 nm and a geometric
standard deviation of 2.32. Upon drying, aerosolized GNP:BSA
conjugates were passed out of the LN using a flow of ultra-high-
purity air, with neither fragmentation nor specific aggregation
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caused by the aerosolization process. For IMS, the aerosolized
conjugates were sent into a DMA (both models 3081 and 3085,
TSI Inc., Shoreview MN, were applied in measurements)39

followed by a butanol based condensation particle counter
(CPC, model 3075, TSI Inc.). The DMA-CPC combination
was operated as scanning mobility particle spectrometer
(SMPS),40 with 120 s scans applied and at least eight measured
spectra per sample. Raw data consisted of CPC measured
concentration as a function of mean voltage across the DMA
electrodes. Using manufacturer provided software (Aerosol
Instrument Manager), data were inverted to reveal the size
distribution function, d n/d log10(dp), i.e., the aerosol particle
number concentration per unit log10 diameter (with diameter in
nanometers) as a function of diameter. Diameter was inferred
using the Stokes-Millikan equation, found to be valid for nearly
spherical particles in a variety of studies where air has been
applied in IMS measurement.41,42

The dilution factor was varied 102 to 104 during measure-
ments to optimize the signal-to-noise ratio as well as to mitigate
nonspecific conjugate formation (which was predictable based
on the nominal BSA concentration added). Lower dilution
factors were applied to examine the size distribution functions
of GNP−BSA conjugates, while higher dilution factors were
applied to directly detect free BSA molecules in the suspension.
As described in Jeon et al.,37 individual BSA molecules
themselves can be measured and quantified via LN-IMS, and
using an LN-IMS specific calibration curve (relating the
measured aerosol concentration to liquid suspension concen-
tration) the size distribution function of the free BSA measured
here was used to directly calculate the unbound BSA
suspension concentration. The shifts in size distribution
functions for GNP−BSA conjugates were examined as
functions of unbound BSA concentration. We remark that
the unbound BSA concentration was consistently found to be a
factor of ∼2 lower than the nominal BSA number
concentration, based on what was added to GNP:BSA

suspensions. This is attributable to protein binding to the
wall of the polypropylene vial used in incubation, an influence
not considered in prior studies of GNP−BSA conjugation.

■ RESULTS AND DISCUSSION

Size Distribution Functions. After data inversion, which
corrects for the transmission through the DMA,43 the fraction
of multiply charged particles examined,44 and the depositional
losses of particles in system tubing,45 LN-IMS measurements
lead to inference of the gas-phase size distribution function,
which is specifically represented as the parameter d n/d
log10(dp), i.e., the gas-phase number concentration per unit
log10 particle diameter (in nanometers). Integration of d n/d
log10(dp) across the entire diameter range yields the gas-phase
number concentration of particles aerosolized by the LN-IMS.
Size distribution functions (averaged over more than five
spectra) of 20, 30, and 50 nm GNPs are displayed in Figure 1
for selected BSA:GNP number concentration ratios. Size
distributions were corrected for the dilution factor employed
in the LN (i.e., they were multiplied by the dilution factor);
hence, the displayed values are proportional to the size
distribution function in the original suspensions.37 Error bars
are not shown on plots, but we remark that because the error in
IMS measurements scales with N−1/2 (where N is the total
number of particles counted for all samples) and more than 103

particles were measured for each data point, counting errors are
≤3% for nearly all data. Clearly evident for all samples except
the nominally 20-nm-diameter GNPs is that with increasing
BSA:GNP number concentration ratio, the peaks in size
distributions corresponding to GNPs shift to the right. This is
indicative of conjugate formation and an increased number of
proteins bound at higher BSA concentration in suspension.
However, distributions are noticeably broad relative to the
extent of the shift, making difficult quantification of the extent
of shift simply by comparing mode values in distributions (as
has been common practice in prior studies33). This is most

Figure 1. LN-IMS inferred size distribution functions (expressed as gas-phase number concentrations per unit log10 diameter, d n/d log10dp) for
GNP−BSA conjugates with varying BSA:GNP number concentration ratios in aqueous suspension. The upper left inset displays results for
nominally 20 nm GNPs but with size distribution functions normalized by the total number concentration for each measurement.
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problematic for the nominally 50 nm GNPs, where we
observed oscillations in size distributions about peak values
which are larger than the measurement error. These oscillations
are present for all 50 nm samples (suggesting that the true
distribution function is composed of several modes with mean
diameters extremely close to one another, which has been
found previously for commercial noble metal particles35), but
are most apparent for the 38 °C GNP-BSA conjugates formed
for BSA:GNP ratios of 5846 and 11 615. The perceived higher
concentrations for these samples resulted from these measure-
ments being taken on a different day than those for lower
BSA:GNP ratios. The LN-IMS calibration for number
concentration is known to vary by ±20% (but not for actually
mobility, where calibration is relatively constant), as shown
previously.37 Shifts are less evident for nominally 20 nm GNPs;
instead, we observed a decreasing number concentration near
20 nm and an increasing number concentration about 60 nm in
LN-IMS measurements, with increasing BSA:GNP ratios.
To better quantify the extent of shift in size distribution

functions, for each we calculate a mean diameter (dp,ave), the
conjugate volume concentration (Vtot), and a geometric
standard deviation (σg), via the equations
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In eq 1d, dp,g is the geometric mean diameter, which must be
calculated to determine the geometric standard deviation. The
geometric standard deviation quantifies the polydispersity of
the size distribution, with σg ≤ 1.1 typically regarded as
monodisperse. Collectively, the noted parameters provide
information on the growth of conjugates, as well as whether
growth is due to BSA binding only or conjugate−conjugate
binding (aggregation). The former would lead to modest
increases in dp,ave and Vtot, and a decrease in σg (which would
not be detectable for particles where σg is initially low). The
latter would lead to a pronounced (tens of nanometers)
increase in dp,ave, but a more modest increase Vtot (Vtot only
changes because of protein binding), and a σg in the range 1.3−
1.4, irrespective of its initial value.46

Equations 1a−1d) are applicable to both polydisperse and
multimodal distributions, which is important in the present
study, particularly for the nominally 50-nm-diameter GNPs.
Excluding the portion of each size distribution function
attributed to isolated BSA, eqs 1a−1c) calculated parameters
are plotted in Figure 2 as functions of unbound BSA
concentration in suspensions. Error bars represent the standard
deviation of each data point, evaluated by performing
calculations for each measured size distribution function
separately. Focusing first on the nominally 30 and 50 nm
GNPs, we find for both samples that dp,ave increases rapidly at
low BSA concentrations but appears to reach a maximum value
as BSA concentration is further increased. Unlike alternative
techniques, size shifts on the order of 1−2 nm are clearly
detectable and larger than the measurement to measurement
variability, despite the individual conjugate size distribution
functions having standard deviations larger than 1−2 nm. This
demonstrates directly that LN-IMS can be used to probe the
earliest stages of conjugate formation, even for nanoparticles
whose size distribution does not shift appreciably due to
protein binding. Volume concentrations for these samples show
similar behavior to dp,ave (increasing sharply with unbound BSA
concentration at lower concentrations), and geometric standard
deviations remain constant near 1.1 (indicating the samples are
not perfectly monodisperse but remain narrowly distributed
during measurements). For the nominally 50 nm GNPs, a
larger extent of binding is observed at lower temperature.

Figure 2. Summary of the mean diameter (dp,ave), gas-phase volumetric concentration (Vtot), and geometric standard deviation (σg) as a function of
the unbound BSA concentration in aqueous suspension.
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Qualitatively, these measurements suggest that BSA binding to
30 and 50 nm GNPs does not drive conjugate−conjugate
aggregation. Additionally, the near-constancy of dp,ave beyond a
critical BSA concentration suggests that BSA binding is
reversible (i.e., samples are equilibrated) and that GNPs can
be saturated with BSA. Both of these findings are in line with
the conclusions of prior studies of GNP−protein conjuga-
tion.11,12,47 For 20 nm GNPs, unique behavior is observed; the
dp,ave versus BSA concentration curve is concave upward, and
the volume concentration stays relatively constant, and
geometric standard deviation increases drastically (this was
expected as samples became bimodal at increasing BSA
concentration). We examine the mechanism of binding further
in the subsequent section. In total, inverted size distribution
functions and quantification of size distributions via eqs 1a−1c)
reveal that LN-IMS is a viable approach to detect ∼1−2 nm
shifts in nanoparticle size brought by conjugation with proteins,
even in instances where the size distribution function varies by
more than this amount.
Comparison with Binding and Aggregation Models.

Poor size shift precision for nanoparticle−protein conjugates
can limit the amount of information gained via measurements.
For this reason, in studies utilizing DLS,11 or in prior IMS
studies in which only the mode diameter was examined,30,33

only a maximum surface coverage of nanoparticles (expressed
as the number of protein binding sites per unit nanoparticle
surface area) has been inferred. For BSA binding onto gold,
reported surface coverages near body temperature reported
previously vary from study to study. Using a quartz crystal
microbalance (QCM) Brewer et al.47 reported a value of 0.037
nm−2 and Kaufman et al.48 reported values ranging from 0.020
to 0.033 nm−2 for flat surfaces. Using IMS coupled with mass
analysis, Guha et al.30 determined a value of 0.027 nm−2 for
nominally 30 nm, but in a previous study with IMS Tsai et al.33

reported values of 0.023 nm−2, 0.017 nm−2, and 0.014 nm−2 for

nominally 10, 30, and 60 nm GNPs, respectively. By examining
precisely calculated mean diameters in inverted size distribu-
tions, here we show that not only can LN-IMS be used to infer
surface coverages in line with QCM measurements, but also
using a Langmuir-like binding model the effective protein
concentration above a GNP surface (which defines how easily
proteins dissociate from the surface) can be determined.
To develop a binding model which can be compared to

measurements, first, we consider a nanoparticle with diameter
dp,0 in the absence of any conjugated protein. The nanoparticle
has a binding site density of [X] sites per unit surface area, and
above each site, the effective protein concentration is neff when
a protein is bound. These two parameters determine the extent
of conjugate binding for a given concentration of protein
present in solution, and at equilibrium, the probability Pi this
nanoparticle has i proteins bound to it is given as
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where na is the concentration of unbound BSA in aqueous
suspension. Equations 2a and 2b) are derived explicitly in the
Supporting Information; the derivation follows a similar form
to that used previously49−51 to examine vapor molecule binding
to ions in the gas phase. Using Pi to determine the fraction of
particles with i proteins bound and considering the
experimentally determined bare nanoparticle size distribution

Figure 3. Measured (black circles) and calculated (red curves) average diameters of GNP−BSA conjugates as functions of the unbound BSA
concentration. [X] refers to the site surface coverage parameter employed in the Langmuir-like sorption model, and correspondingly neff is the
inferred protein concentration above a surface site.
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calculated as
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where dp,i is a nanoparticle’s effective mobility diameter with i
protein molecules bound. Various models can be developed for
dp,i.

32,33 However, based on prior theoretical calculations52 and
mobility measurements of nonspherical aerosol particles,36 we
find that unless extremely nonspherical particles are expected to
result from binding (for which there is no evidence), it is
reasonable to approximate GNP:BSA conjugates as spherical,
with mobility diameters equal to their volume equivalent
diameters. Mobility diameters, dp,i, are hence calculated as

= +d d id( )p i p, ,0
3

pro
3 1/3

(3b)

where dpro is the mobility diameter of a BSA monomer,
measured to be 6.31 nm via IMS and in agreement with prior
IMS53,54 and ultracentrifugation measurements.20 In applying
eqs 2a and 2b and eq 3a in comparison to measurements, [X]
and neff are fitting parameters enabling prediction of dp,ave as a
function of na. These equations can be applied to polydisperse
and multimodal distributions; in applying them the main
assumption is simply that [X] and neff are not dependent on
nanoparticle size. More detailed equilibrium binding models

with size dependent parameters would result in altered
equations for Pi, but eq 3a would remain unchanged.
Equation 3a predicted dp,ave values (taking measured

distributions ⌋n
d

d
dlog 0

p10 ,0
and concentrations na as inputs) are

plotted in comparison to experimentally inferred values in
Figure 3. For nominally 20 nm gold nanospheres, only three
data points were used, as the appearance of a second mode near
60 nm cannot be explained via the Langmuir-like equilibrium
binding model alone. Binding model parameters inferred for
these nanoparticles are thus only shown for completeness and
are not utilized in comparison to prior results. For the 30 and
50 nm GNPs (at both 4 and 37 °C), the two parameter model
can be fit extremely well to measurements, and the resulting
surface coverage values, ranging from 0.022 to 0.030 nm−2, are
in excellent agreement with the previous QCM measurements
and the IMS-mass measurements of Guha et al.30 This further
confirms the applicability of LN-IMS analysis to examine
nanoparticle−protein conjugates, and suggests that in electro-
spray based aerosolization studies,33 mode mobility diameter
measurements of nanoparticles may be skewed by the presence
of nonvolatile residue, which would directly influence inferred
surface coverage values. Interestingly, the effective surface
concentrations of proteins (which are linked directly to the
dissociation constant of proteins from conjugates) are found to
decrease by almost an order of magnitude as GNP nominal
diameter decreases from 50 to 30 nm. This suggests that with
increasing surface curvature, BSA is adsorbed with increasing

Figure 4. Normalized size distribution functions (a and b), mean diameters (c and d), and normalized geometric standard deviations (by the baseline
value, e and f) of nanoparticle−protein conjugates as predicted by the Langmuir-like model (eq 2a) and an irreversible protein condensation model
for log-normally distributed nanoparticles. Plots c−f are shown for variable initial geometric standard deviations.
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affinity to GNP. This is also supported by the appearance of a
larger mode in nominally 20 nm distributions, which is
presumably brought about by conjugate−conjugate aggrega-
tion. Though nanoparticle size dependencies on conjugate
formation have been examined previously,55,56 this specific
finding appears to be new, and size dependencies in the
strength of nanoparticle−protein bounds will need to be
examined in future work.
Though the comparison presented in Figure 3 suggests that

at equilibrium, the Langmuir-like binding model (eq 2a)
satisfactorily describes LN-IMS measurements, it is important
to compare results to alternative models. One possibility is the
irreversible condensation of proteins on nanoparticles, forming
continuously growing conjugates at a rate limited by the
diffusion limited aggregation rate of proteins onto nano-
particles/conjugates.57 To compare such a condensation model
to measurements, we perform a constant number of Monte
Carlo simulations58 to predict the evolution of the size
distribution functions of protein−nanoparticle conjugates
formed via irreversible, diffusion limited protein condensation.
Details on simulations on are provided in the Supporting
Information, and results are directly compared to the
aforementioned Langmuir-like binding model in Figure 4.
Specifically, for log-normally distributed nanoparticles with a
geometric mean diameter of 30 nm and geometric standard
deviations near 1.1, 1.3, and 1.5 (near monodisperse to highly
polydisperse), the normalized size distribution functions
(fraction of particles per nm), mean nanoparticle−conjugate
diameter, and geometric standard deviation are plotted as
functions of the suspension protein concentration (na) to
effective protein concentration (neff) ratio for the Langmuir-like
model, and the product of suspension protein concentration
and simulation time step for the condensation model. The
abscissa for the condensation model results is labeled as such,
because in irreversible condensation, proteins would continu-
ously bind to BSA, i.e., a maximum surface coverage does not
exist, and the size distribution would continuously vary over
time. Nonetheless, as the abscissas on all plots are directly
proportional to protein concentration in suspension, results are
qualitatively comparable to one another. It is apparent that the
condensation model predicts a steady increase in the mean
nanoparticle−protein conjugate diameter as well as a steady
decrease in the geometric standard deviation for all samples
with continued binding; neither is observed in measurements,
further suggesting that nanoparticle−protein binding is a
reversible process best described by a Langmuir-like binding
model. Additionally, the condensation-like model is not in
qualitative agreement with the changes in the size distribution
function observed for nominally 20 nm GNPs, suggesting that a
more detailed aggregation model, considering conjugate−
conjugate binding, is needed for this sample.

■ CONCLUSIONS
Electrospray ionization and electrospray based aerosolization
techniques have arguably been the most important develop-
ments in biomolecular and macromolecular analysis in the past
several decades, enabling mass spectrometry, and more
recently, ion mobility spectrometry of biomolecular com-
plexes.59 However, despite initial success in analyzing nano-
particle−protein complexes through electrospray based aero-
solization,30,33,60 the intrinsic requirements of electrospray
solutions, including proper electrical conductivity and low
nonvolatile solute content, are simply incompatible with the

suspension requirements for many nanoparticle−protein
conjugate analyses (i.e., nonvolatile solutes required for
nanoparticle stability and/or high salt content to mimic
biological conditions). Here, we have demonstrated that liquid
nebulization with online ultra-high-purity water dilution can be
used in lieu of electrospray to aerosolize nanoparticle−protein
conjugates, facilitating their examination via ion mobility
spectrometry. We further show that, via integrating across
complete size distribution functions inferred in IMS measure-
ment, relatively polydisperse samples can be examined, as a
shift in mobility equivalent size on the order of 1−2 nm can be
examined. Surface coverage parameters inferred from LN-IMS
measurements are further shown to be in excellent agreement
with parameters inferred from quartz crystal microbalance
measurements. Moving forward, we suggest that LN-IMS
measurements are a viable alternative to dynamic light
scattering, and as prior work has shown that LN-IMS
measurements can be made in higher salt concentration
suspensions,37 LN-IMS analysis will find utility as a method
to study nanoparticle−protein conjugate formation. Future
coupling of LN-IMS with aerosol particle mass analysis30 and/
or inductively coupled plasma mass spectrometry61 should also
enable more detailed characterization of nanoparticle−protein
conjugates.
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